Introduction
The formation of a supported lipid bilayer (SLB) on a material can be used to make materials more biocompatible. Supported lipid bilayers are versatile substrates that can be used to emulate the biomembrane interactions of proteins, 1,2 cells, 3 polymer microgels, 4 vesicles 5 and nucleic acids 6, 7 . Such systems can be used not only to simulate and study processes at a cell membrane surface, but also to construct biomimetic systems for e.g. bioanalytical purposes. For instance, supported lipid bilayers have been extensively used as scaffolds to assemble complex nucleic acid nanostructures [8] [9] [10] and to facilitate the 2D crystallization of proteins 11, 12 . The proximity of supported bilayers to their supporting surface makes them convenient platforms for many surface sensitive techniques as well as integration into miniature chip sensors. SLBs can be formed via flow-driven processes in microchannels, where they have been shown to seal micrometer-sized wells 13 , which is potentially important for miniaturized biosensing applications. SLBs have also been shown to have anti-sticking properties for biomaterials applications [14] [15] [16] as well as in micro-and nanofluidic devices 17 . Another interesting feature of SLBs is that, depending on their lipid composition, they can conform to highly curved objects which has been used to facilitate nanoprobe access to the cytosol. [18] [19] [20] [21] [22] This feature has also been exploited for the integration of biomolecules with nanoobjects [23] [24] [25] [26] . Therefore, SLB formation on new materials is a key step to enable the assessment of the materials in terms of bio-applications. SLB formation can be assessed using e.g. Quartz Crystal Microbalance with dissipation (QCM-D), where the measure of specific changes in frequency (and dissipation) is the signature of SLB formation. 27 However, this method can be used only for a very limited number of sensor surface types. Time of flight secondary ion mass spectrometry (TOF-SIMS) has been shown to distinguish between a bilayer and adsorbed vesicles on a substrate 28 . However, this method is costly, time consuming and therefore not suitable to perform quick verifications. A more handy method to assess the presence of a bilayer on a substrate, which also allows for determining the lateral inhomogeneity and mobility on the micro-scale, is fluorescence recovery after photobleaching (FRAP). Using this method, a fluorescently labeled lipid is incorporated at a low concentration into the mixture of lipids. A small area of bilayer on the substrate is bleached and the recovery of fluorescence is an unequivocal signature of the presence of a continuous SLB on the substrate. Moreover, the parameters of the recovery can be used to assess the proportion of lipids in the bilayer, as well as the diffusion coefficient of the lipids within the bilayer.
However, when the substrate underneath the bilayer is a reflecting material, applying fluorescence to probe bilayers is hindered due to a phenomenon known as fluorescence interference contrast (FLIC) effect. In FLIC, the intensity from a fluorophore varies in a sinusoidal manner, as a function of the distance of the fluorophore from the reflective substrate 29 .
Reflective substrates include metallic and semiconductor material wafers, such as silicon, gallium phosphide, gallium arsenide, indium phosphide and gallium antimonide. These materials have been integrated in a plethora of optoelectronic devices, which would be interesting to test in biological contexts, such as biosensors or stimulation devices. Therefore, there is a clear need for a simple method to assess the presence of bilayers on these reflecting substrates.
Although FRAP is a very useful method to probe mobility and integrity of a surface film, it cannot be used for lipid bilayers that are deposited directly on a reflective surface, or on very thin (few tens of nm) oxide layers on such surfaces, because destructive interference prevents the observation of fluorophores in the bilayer. In this paper we circumvent these shortcomings and show that the presence of nanostructures on reflective substrates enables the visualization of fluorophores by lifting them locally from the reflective substrate and enables, therefore the assessment of the presence and fluidity of a bilayer on these substrates. Specifically, we use epitaxial GaP nanowires as well as deposited silica nanoparticles to probe the presence of SLB through the recovery of fluorescence after lipid deposition. We demonstrate this technique on a variety of reflective substrates, including gallium phosphide (GaP), gallium arsenide (GaAs), gallium antimonide (GaSb), and gold coated substrates.
Results and Discussion
In the first step, we demonstrate that the FLIC effect prevents the observation of a lipid bilayer in the immediate vicinity of a reflective surface. Lipid vesicles composed of the cationic lipid DOTAP (1,2-di-(9Z-octadecenoyl)-3-trimethylammoniumpropane) and 0.1% mol Rhod-PE (fluorescent probe) were deposited on a GaP (111)B substrate in order to form a bilayer by vesicle fusion (see ESI for detailed experimental protocol). The substrate was subsequently examined using fluorescence microscopy and FRAP. No fluorescence could be detected on the GaP substrate ( Figure 1A ), which was determined to have a native oxide layer of about 1.1 ± 0.1 nm by spectroscopic ellipsometry (Figure S1 †). However, using ellipsometry, we confirmed the existence of a thin film (4 nm) with an index of refraction matching the lipids on the GaP substrate ( Figure  S2 †) . This indicates that a lipid layer has deposited on the substrate. To demonstrate that the absence of fluorescence is due to fluorescence interference on the reflective substrate, we repeated the measurements on a series of GaP substrates coated with various thicknesses of SiO 2 , deposited using ALD (See ESI for detailed experimental protocol). The normalized fluorescence as a function of the deposited SiO 2 thickness follows the expected light intensity from the fluorophores located in the standing modes of light above the reflective GaP substrate (FLIC) 29 ( Figure 1B ). Eq.1 where I FLIC is the expected (normalized) intensity variation of the detected fluorescence as a function of the thickness of the SiO 2 layer (h SiO2 ,) that separates the fluorophores from the reflecting surface. Here, λ ex is the excitation wavelength (543 nm); λ em is the emission wavelength (628 nm); n SiO2 is the refractive index of SiO 2 (1.46, for fused silica for wavelengths 210 -3710 nm (n O ) 31 ); n w is the refractive index of water (1.333, at 543 nm and does not change appreciably for 628 nm); h fluor is the height of the fluorophore above the oxide surface (4 nm, based on the reported thickness of a DOTAP bilayer 32 ). Further analysis on the FLIC effect observed here can be found in the ESI.
The FLIC effect has previously been used to determine the distance of fluorophores from a reflecting surface which has been applied to determine the elevation of a cell membrane from a substrate, as well as the thicknesses of bilayers and polymer brushes with nanometer precision [33] [34] [35] between the fluorophores and the reflecting surface to increase the fluorescence signal sufficiently to enable imaging of supported lipid bilayer (see Figure 1B ). We have tested two strategies: (i) growing nanowires (NWs) on the substrate using metal organic vapor phase epitaxy (MOVPE) and (ii) depositing silica nanoparticles on the substrate (Figure S5 †) . We grew GaP nanowires of 80 nm in diameter, 3.8 µm in length arranged vertically on the substrate at an average density of 0.04/µm 2 (Figure 2A) as described previously [36] [37] [38] (see ESI for detailed experimental protocol). The lipid fluorescence is visible on each of the nanowires and bleaching a circular area (diameter of 3 µm) around a single nanowire on the surface was followed by full fluorescence recovery on the nanowire (Figure 3 ). This shows that there is a bilayer not only on the nanowire but also on the flat area around the nanowire. Performing FRAP on substrates with denser nanowires also shows full fluorescence recovery, however the recovery is slower (data not shown), suggesting that the bilayer conforms to the nanofeatures of the array as in the case of bilayers on SiO x -coated nanowires. 26 Since it is not always feasible to produce nanostructures on a substrate using epitaxy in order to verify the presence of a bilayer, we have investigated whether nanostructured surfaces obtained by depositing nanoparticles on the substrate can be used to verify the presence of a bilayer. This would then enable the visualization of the lipid fluorescence and recovery and hence the assessment of the presence of a bilayer on the substrate without costly and complicated sample preparation. For this, one needs to choose nanoparticles that support fluid and continuous bilayers in order to probe the lipids on the underlying substrate, and we therefore chose silica nanoparticles. Using 80 nm silica nanoparticles on bare GaP (see ESI for detailed experimental protocol), the lipid fluorescence was indeed detectable (Figure 4) . The fluorescence intensity of the lipids on the silica nanoparticles follows the expected fluorescence resulting from fluorescence interference effects near a reflective substrate (Figure 4 ). This shows that the distance between the fluorophore and the substrate is the parameter that determines the observed intensity and that light interactions with the nanostructures do not play a critical role. After photobleaching, we observed full fluorescence recovery on the silica particle, confirming the presence of a lipid bilayer on the GaP substrate ( Figure 5C ). We then deposited silica nanoparticles on various other reflective substrates and performed FRAP to assess the presence of a bilayer on them. On Au, where no bilayer is expected to form, 39 no recovery of fluorescence was observed after photobleaching ( Figure 5D ), which confirms that no continuous bilayer is formed, i.e. the particles are covered with a continuous bilayer but the gold substrate is not. In contrast, on GaAs, GaSb, and GaP the fluorescence on the nanoparticles recovered ( Figure 5A-C) , showing that a continuous and fluid bilayer is formed on the substrates between the nanoparticles. Repeated bleaching of the same particle showed repeated recovery (data not shown), indicating that the lipid film is continuous over relatively large regions of these reflective surfaces. Note that the recovery plots are more noisy for silica nanoparticles compared to when using vertical nanowires. This is due to the fact that the surface area of each silica nanoparticle is smaller than that of each vertical nanowire (i.e. fewer fluorophores are probed and fluctuations become more important). 
Conclusions
In conclusion, we overcome the effects of fluorescence destructive interference near reflective substrates by using integrated or deposited nanostructures on such substrates. As these structures extend away from the reflecting substrate, it becomes possible to visualize fluorophores that are otherwise invisible due to the FLIC effect. The visible fluorophores located on the nanoscaled structures can be bleached; fluorescence recovery indicates that the lipids have migrated from a surrounding (dark) bilayer on the underlying substrate. In this way, it is possible to assess of the presence of an SLB on reflective surfaces. This method can be applied to any reflective substrate. Moreover, a plethora of nanoparticles/nanostructures can be used and deposited on the substrate to probe SLB formation. The only requirements for such nanostructures are that they should support a fluid and continuous bilayer of identical lipid composition as the one to be used (which can be easily tested on a glass coverslip beforehand) and that their dimensions are such that fluorophores are sufficiently far away from the negative interferences nodes, in order to enable visualization. This method is fast to implement on supported bilayers that are otherwise difficult to probe. The results are important for interfacing new materials with biological applications, especially for the development of innovative membrane-based nanosensors.
